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ABSTRACT 
 Polymer microcapsules were created for the encapsulation of amine- and carbonate-rich 
solutions.  Specifically, a flow-focusing microfluidic device was used to create double emulsions 
composed of a photocurable polymeric shell that surrounds an aqueous carbon dioxide absorbent 
core.  After droplet formation, the shell was cured using ultraviolet light to form the desired 
polymer microcapsules.  Multiple materials were investigated for the microcapsule shell and 
core, respectively, and their ability to capture CO2 was explored.   
 In the first system, polymer microcapsules were created with a mercapto-ester shell 
composed of Norland optical adhesive (NOA 61) and a monoethanolamine (MEA) solution core.  
Optical and scanning electron microscopy was used to investigate the microcapsule size and 
uniformity.  These microcapsules had a mean diameter of 355 µm +/- 10 µm, and a shell 
thickness ranging from 10-50 µm.  Their weight loss (or gain) was measured in both CO2-lean 
and CO2-rich environments.  These data coupled with gas permeability measurements revealed 
that NOA 61 polymer shells are highly impermeable (0.14 barrers) to CO2 and hence, not 
suitable for CO2 capture.   
 In the second system, polymer microcapsules were created with silicone-based shells and 
a potassium carbonate (K2CO3) solution core.  Several microscopy techniques coupled with 
micro-computed tomography (microCT) were used to characterize their size and uniformity.  
These microcapsules had mean diameter of approximately 470 µm +/- 10 µm with highly 
uniform shell thicknesses of 30-40 µm.  Gas permeability measurements revealed that this 
silicone-based shell material was highly permeable (~3200 barrers) to CO2.  These polymer 
microcapsules offer a promising new approach for CO2 capture from industrial sources, such as 
flue gas.   
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CHAPTER 1 
INTRODUCTION 
 Carbon dioxide is the most powerful greenhouse gas produced by humans today.[1], [2]  
It is produced on a scale far more vast than almost all other substances created 
anthropogenically.  Carbon capture and sequestration offers a promising route for decreasing the 
release of greenhouse gases in the future.  While solution-based, carbon capture methods have 
been developed, their large-scale implementation is hindered by practical difficulties, cost, and 
low efficiency.[3], [4] Encapsulation methods that provide a physical barrier between the carbon 
capture solutions and the CO2-rich flue gas are of considerable interest, as they may overcome a 
number of these limitations.  Multiple types of encapsulation methods have been used to contain 
liquids for applications including self-healing materials[5], [6], controlled drug release[7], [8], 
and food products.[9]  Of these methods,  encapsulation routes based on bulk and microfluidic 
emulsions offer the greatest potential.     
1.1 Thesis Objectives  
The objectives of this thesis are to explore the use of double capillary microfluidic 
devices to create polymer microcapsules from multiple materials that encapsulate CO2 absorbent 
fluids and to characterize their morphology and CO2 permeability. 
1.2 Thesis Organization 
 In chapter 2, an overview of current carbon capture techniques and challenges are 
presented and as well as pathways for encapsulation of liquids via bulk and microfluidic 
emulsion techniques.  In chapters 3 and 4, the fabrication of polymer microcapsules using double 
capillary microfluidic devices is presented as a route for encapsulation of CO2 absorbent 
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materials. Chapter 3 focuses on encapsulating a monoethanolamine solution in a photocurable 
optical adhesive shell, while chapter 4 focuses on encapsulating a potassium carbonate solution 
in a photocurable siloxane-based shell.  Finally, the conclusions of this thesis are presented in 
chapter 5.  
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CHAPTER 2 
LITERATURE REVIEW 
2.1 CO2 Production and Capture 
 Carbon dioxide is the most powerful anthropogenic source of climate change. [10]  
Humans produce 27 gigatons of CO2 each year, which is altering our climate, ocean 
composition, and ultimately, our way of life.[10-12]  To mitigate the release of manmade 
greenhouse gases into the atmosphere, efficient, low-cost carbon capture methods must be 
developed and implemented.  One of the most concentrated types of sources of CO2 arises from 
fossil fuel-burning power plants, which account for 41% of CO2 production.[10], [13], [14]  
Targeting this emission source using improved methods of CO2 capture and sequestration is 
needed to drastically reduce release of carbon dioxide. 
  While there are ways to process fossil fuels prior to combustion as a means towards 
reduced greenhouse gas emissions, the more common and possibly more economically viable 
route is treatment of the exhaust stream, or flue gas, produced by power stations. Flue gas is 
composed of up to 18 vol% CO2, SO2, particulate matter, NOx compounds, water vapor, and 
other pollutants, with the remaining balance being nitrogen, N2. [14-16]  The current approach 
for capturing CO2 from flue gas relies on flowing it over a metal mesh packing coated with a 
monoethanolamine (MEA) aqueous solution. [17]  The CO2-rich flue gas is passed through a 
steel mesh that is continuously sprayed with CO2-lean MEA solution (approximately 30 wt% in 
concentration).  As the MEA solution coats the mesh packing material, the flue gas contacts the 
large surface area (approximately 250 m2 of packing material per m3 of absorber tower).  The 
CO2 is absorbed by the solution and forms a carbamate salt.  This reaction has multiple 
intermediate steps, given by: [3], [17-19] 
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              CO2 + RNH2 → RNH2+COO-        (2.1)  
    RNH2+COO- + RNH2 → RNH3+ + RNHCOO-         (2.2) 
      RNH2+COO- + H2O → RNH3+ + HCO3-         (2.3) 
 
Equations 2.1-2.3. The formation of a zwitterionic intermediate product is then further reacted 
with amine to form a carbamate salt in eqn. 2.2, whose zwitterion product can react with water 
and form bicarbonate, shown in eqn. 2.3.  
 
Once the MEA solution is saturated with carbamate salt, it is physically removed from the flue 
gas stream by pumps and transferred to a stripper unit.  The stripper unit is heated to 
approximately 120ºC using waste thermal energy from the power plant.  A diagram of this 
process is schematically represented in Figure 2.1. [20]  The CO2 that is released from the MEA 
solution is close to 100% in purity and can then be sequestered.   This CO2-lean MEA solution is 
reintroduced into the processing cycle and recycled repeatedly.   
 
Figure 2.1. Process flow diagram for CO2 capture with an amine-based absorption/stripping for a 
flue gas cycle. [20] 
   
 The use of monoethanolamine (MEA) for carbon sequestration poses significant 
challenges, which limit its widespread implementation in new fossil fuel burning power plants.  
The main technical challenges are degradation of the metallic mesh and other surfaces due to the 
corrosive nature of MEA[21], low volumetric loading of CO2 into MEA solution due to the low 
specific surface area associated with the absorbing tower design, MEA fouling via secondary 
reactions with flue gas impurities, contaminants, and the surrounding environment[3], [4], [22], 
cycle (NGCC), representing the reference case; (2) a con-
ventional 420 MW coal-fired power plant; and (3) a 420 MW
NGCC with capture. Amine-based scrubbing is a relatively
new technology for the abatement of CO2 from fossil fuel-
fired power plants. Inherent to new technologies, reliable
dataonprocessdesign, environmental emissions, and toxicity
was observed to be scarce or nonexistent. We therefore
performed a sensitivity analysis to check the robustness of
our conclusions. Additionally, we identified key topics
associatedwithMEA impact assessment that require further
research.
Methods
CO2Capture: ProcessDescription.Here, a brief description
isprovidedofpostcombustionCO2capturewithamine-based
solvents for a natural gas combined cycle (NGCC). More
detailed descriptions can be found in Goff (19) and Peeters
et al. (5). In a typical absorber/stripper system (Figure 1), a
flue gas stream with ∼4% of CO2 and ∼13% of O2 enters the
bottom of the absorber and is counter-currently contacted
with 15 to 30 wt % lean MEA (12, 19). The MEA solution
absorbs CO2 from the flue gas and runs down to the bottom
of the tower, while “clean” flue gas (containing 10-15% of
original CO2-concentration) escapes at the top. The CO2-
MEA solution is pumped through a cross heat exchanger
and subsequently introduced into the top of the stripper,
where it counter-currently contacts steam at 120 °C and 2
bar.The steam,produced ina reboiler, provides thenecessary
energy to reverse the reaction of the amine with CO2 and
strips the acid gas from the amine solution. The gas leaving
the stripper contains CO2 and water and can be dehydrated
andcompressedbefore being sequestered (11). After theCO2
is stripped, the leanMEA is cooleddown in theheat exchanger
before it is recycled back to the absorber.
A reclaimer takes a slip stream from the stripper bottoms
in order to avoid accumulation of nonvolatile degradation
products in the sorbent stream. The reclaimer waste is
disposed of as hazardous chemical waste (14). More volatile
degradation products can be emitted to air with flue gas
exhaust. To reduce emissions of these volatile organic
compounds and of water vapor, a water wash and/or mist
eliminator is commonly installed at the top section of the
absorber (20).
Quantificationof Environmental Emissions.At present,
MEA-based scrubbing technologies have not been applied
on large scale to modern power plants. Publicly available
emission-data ofMEAand its degradationproducts is scarce
and often inconsistent. We therefore took the following
approach to quantify environmental emissions of MEA and
MEA-based degradation products: first, we reviewed (in-
dustrial) reports (9, 12, 21-26) and literature (7, 10, 11, 14, 20)
and selected relevant data that refer toMEA-based scrubbing
systems and natural gas fired power plants. Second, we setup
amass-balanceofMEAtoevaluate theconsistencyof thisdata.
Third, we quantified emissions ofMEA, degradation products,
and traditionalfluegascomponents, asSO2,basedonthemass
balance and known chemical reaction mechanisms.
MEA-MassBalance.As a starting point for theMEA-mass
balance, we use the framework presented by Rao et al. (25).
This framework is expanded to includeO2-baseddegradation,
MEA loss in the water-wash section, and MEA loss with
reclaimer waste (eq 1)
The reported total solvent loss ranges from 1.6 to 3.1
kgsolvent per tonne CO2 captured (Table 1), with the lower
value representing a well-managed power plant (22). The
average capture efficiency of CO2 is 90% (22), which results
in capture of 1.3 × 106 tonne CO2/year for a 420 MW NGCC
(SI) and a (geometric mean) solvent loss of 2.8× 106 kg ·yr-1
(1.6 mol · s-1) (Table 1).
A part of the MEA loss is caused by emission to air with
flue gas exhaust. A typical emission rate is 8.0 × 104 kg ·yr-1
for a NGCC with water-wash (12). Reaction of MEA with O2
and acid gas impurities as SO2 and NO2 presents another
pathway of solvent loss (11, 25, 27). The loss due to reaction
with SO2 and NO2 has been estimated according Rao et al.
(21):
where [MEA]deg is the amount ofMEAdegraded (inmol · s-1),
fSO2 is the reaction efficiency of SO2 with MEA (99,5%) (21),
fNO2 is the reaction efficiency of NO2 with MEA (25%) (21),
[SO2] is the amount of SO2 in flue gas (mol · s-1), and [NO2]
is the amount of NO2 in flue gas (mol · s-1).
The MEA degradation rate due to reaction with oxygen
is obtained from a large scale laboratory study by Goff and
Rochelle (11). Goff and Rochelle (11) obtained an MEA
degradation rateof0.29-0.73kg/tonneofCO2capturedbased
on flue gas containing 3%CO2 and 5%O2. Using a geometric
mean degradation rate of 0.46 kg of MEA/tonne of CO2, this
results in an O2-induced degradation rate of 3.4 × 10-1
mol · s-1. The total MEA loss due to reaction with SO2, NO2
and O2 is collectively termed “oxidative degradation” and
sums up to 3.9 × 10-1 mol · s-1.
The organic acids formed due to oxidative degradation
react further with a new MEA-molecule to form heat-stable
salts (HSS) (11). The exact nature of these salts is unknown.
Themost conservative estimate is that eachmole of organic
acid takes up one mole of fresh MEA (25). HSS-formation is
a reversible reaction and caustic soda (NaOH) is added to
the reclaimer to regenerate part of the MEA from the heat-
stable salts. Each mole of NaOH regenerates 1 mol of MEA,
and adds the corresponding sodium salt of organic acid to
the reclaimer bottoms (25). The net loss of MEA due to HSS-
formation can be estimated as follows:
where [MEA]net loss, HSS is the net MEA loss due to heat-stable
salt (HSS) formation (mol · s-1), [organic acids] is the amount
of organic acids formed due to MEA reaction with SO2, NO2,
and O2 (mol · s-1), and [Na] is the amount of sodium added
to reclaimer to regenerate MEA (mol · s-1).
A typical value of caustic added to the reclaimer is 0.13
kg NaOH /tonne CO2 (25). This corresponds to a sodium
FIGURE 1. Process flow diagram for CO2 capture with amine-
based absorption/stripping for a natural gas combined cycle
(12, 19).
net loss of MEA ) (flue gas exhaust) +
(oxidative degradation) + (heat stable salt formation -
gain in reclaimer) + (reclaimer waste) + (water-wash) +
(polymerization) (1)
[MEA]deg ) 2 · fSO2 · [SO2] + 2 · fNO2 · [NO2] (2)
[MEA]netloss,HSS ) [organic acids] - [Na] (3)
VOL. 44, NO. 4, 2010 / ENVIRONMENTAL SCIENCE & TECHNOLOGY 9 1497
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and, finally, MEA volatilization via aerosol formation from flue gas flow and elevated 
temperature.  
 As the absorber-stripper cycle continually oscillates from a CO2-rich to lean environment, 
other reactions occur that promote fouling and degradation of the MEA solution.  Particulate 
matter slowly builds up in the fluid and packing material, and reactions with SOx and NOx limit 
the capacity of the fluid for CO2 absorption. [4], [13], [15], [19], [23], [24]  One promising 
approach is to encapsulate the MEA solution in a permeable, high surface area architecture that 
allows the CO2 gas to be efficiently captured and released, yet prevents direct contact between 
MEA and the absorber/stripper equipment.  Of specific interest is the encapsulation of MEA 
solution using a material that is physically robust, yet highly permeable to CO2 gas. 
 Several encapsulation routes have been developed for use in food products[25], [26], 
cosmetics, drug delivery[8], [27-29], self-healing materials[5], [6], [30], [31], and other 
applications[32], [33]. However, they have yet to be applied to CO2 capture.  Of these, the 
formation of polymer microcapsules through bulk emulsion and microfluidic routes are of 
greatest interest.   
2.2 Polymer Microcapsule Assembly   
 Polymer microcapsules produced by emulsion-based methods can be used to stabilize, 
transport or deliver materials that are susceptible to degradation or undesired reactions.  An 
emulsion consists of two immiscible fluids, in which one fluid is dispersed as droplets in the 
continuous phase of the other fluid, e.g., oil-in-water (O/W) or water-in-oil (W/O). [34]  To 
prevent the droplets from coalescing, surfactants are used. [26], [35-37]   In the accepted 
nomenclature, the continuous phase is abbreviated second to the discontinuous phase, e.g., oil 
droplets suspend in an aqueous continuous phase would be designated a O/W emulsion.  More 
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complex emulsions also follow this nomenclature, where, for example, water droplets suspended 
in oil droplets within a continuous aqueous phase are represented as W/O/W emulsions. [38], 
[39]   
 A surfactant or emulsifier is used to stabilize one type of droplet in another phase by 
decreasing the interfacial tension between the two liquids.  When droplets of the first phase are 
created, mechanical energy is added to the system to increase their interfacial area.  Typically, 
amphiphilic surfactants are incorporated, which reside at the liquid-liquid interface, such that the 
hydrophilic portion of the surfactant is solvated by the aqueous phase, while the hydrophobic 
portion of the surfactant is solvated by the oil phase. [37]  If the appropriate surfactant or 
surfactant blend is chosen for a given system, the emulsion can be stable for a long period of 
time, up to months or years.[26], [35], [40]  An example of a surfactant-stabilized emulsion is 
shown in Figure 2.2.  
 
Figure 2.2. Toluene droplets in water stabilized using a polymer surfactant.[41] 
2.2.1 Bulk Emulsion Routes 
 Many bulk emulsion-based encapsulation schemes have been investigated both 
scientifically and in commercial applications[25], [42], ranging from drug delivery[28], [29], 
[43-45], to food products and advanced materials. Both single and double emulsions are 
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produced by these methods.  However, these routes lack precise control of emulsion droplet size 
and morphology.  
In one early study, emulsions were used to encapsulate proteins within a semipermeable 
nylon capsule.[46]  This approach took advantage of interfacial polymerization via a 
condensation reaction at the droplet-continuous fluid interface.  An optical micrograph of these 
capsules is shown in Figure 2.3.  The permeability of the capsules to water was shown by 
changing the osmotic pressure, through the addition of salts or saccharides to the continuous 
aqueous phase, which caused a collapse of the capsules, but not rupture.  Indeed, this is one of 
the first examples of stimuli-responsive encapsulation.   
 
Figure 2.3. Nylon microcapsules generated using emulsion-based interfacial polymerization that 
contain erythrocyte hemolysate. [46] 
 
 In the early 1990’s, Langer and coworkers encapsulated protein molecules in a 
biocompatible polymer capsule, poly(lactic/glycolic acid) (PLGA). [47]  Specifically, they used 
a double emulsification process to produce these capsules.  Encapsulation of proteins with a 
short half-life in a biodegradable material formed the basis for an entirely new field, now 
referred to as drug delivery[48-50] 
Semipermeable Microcapsules
Abstract. Simnple methods have been developed for encapsulating aqueous
solutions of. protein within polymer membranes. Stable mnicrocapsules I to 100
in diamneter, with semnipermeable membranes, can be m7ade by depositing polymer
around emulsified aqueouis droplets, either by interfacial coacervation or by
interfacial polycondensation. Aqueous suspensions of enzym7e-loaded micro-
capsules act well on snmall-molecular substrates both in vitro and in vivo.
Enzymes in nature are commonly
encapsulated within small aqueous com-
partments-cells or subcellular orga-
nelles-whose limiting membranes pre-
vent their escape but are permeable to
the smaller molecules of their sub-
strates and products. I have found that
artificial microcapsules of comparable
dimensions and properties can be made
simply and in large numbers, and that
enzymes and other proteins loaded into
these particles retain useful biological
activity in vitro and in vivo. Described
in this report are the methods that I
have found most satisfactory for mak-
ing the microcapsules, and some of
the results obtained with them.
Many techniques have proved satis-
factory but all entail three main steps.
(i) The aqueous protein solution is emul-
sified in an organic liquid: for example,
in the case of interfacial coacervation
(collodion membrane), buffered erythro-
cyte hemolysate is mechanically emulsi-
fied in 10 times its volume of ether; in
the case of interfacial polycondensation
(nylon membrane), an erythrocyte he-
molysate solution containing 50 percent
by volume of 1,6-hexanediamine solu-
tion (0.4M in 0.45M NaHCO3-Na2CO3
buffer; pH of buffer, 9.8) is mechanical-
ly emulsified in 5 times its volume of a
chloroform-cyclohexane (1 : 4) mix-
ture with 15 ml percent of Span 85
detergent (I) as emulsifying agent.
(ii) On addition of a suitable material
to the continuous phase of the stirred
emulsion, a permanent membrane is
formed at the interface of each micro-
droplet either by interfacial coacerva-
tion [as when an equal volume of
organic liquid containing an alcohol-
free ether solution of collodion
(USP grade) is added] or by inter-
facial polycondensation (2) (as when
an equal volume of cyclohexane-chloro-
form organic liquid containing 0.018M
sebacoyl chloride is added, with con-
tinuous stirring for 3 minutes at
0WC). (iii) The microcapsules so
formed are transferred to an aqueous
medium, for example, by centrifugation
and resuspension in an appropriate
524
series of fluids. In the coacervation
procedure, these fluids may be n-butyl
benzoate containing Span 85, followed
by Tween 20 (1) detergent solution
(50 percent by volume in water) and
then by water; in the polycondensation
procedure, n-butyl benzoate is o itted.
Typical procedures will be described in
full elsewhere; the details are impor-
tant, especially for preparing satisfac-
tory microcapsules of mean diameter
less than 15 I,.
Typical microcapsules made by inter-
Fig. 1. Microcapsules containing erythro-
cyte hemolysate in nylon membranes: A,
in water, and C, shortly after immersion
in O.5M K2HPO,, mean diameter 15 ti;
B, in water, mean diameter 5 ,u.
facial polycondensation are shown in
Fig. 1, A and B; those made by inter-
facial coacervation are similar in ap-
pearance. The size of the microcapsules
is determined in the first step, mainly
by the speed of the mechanical emulsi-
fier and the concentration of emulsify-
ing agents. The thickness of the mem-
brane is determined mainly by the
concentration of the material(s) used
to form them. The coacervation tech-
nique can be used to form membranes
from polymers other than collodion
that are soluble in organic solvents.
for example, polystyrene. The poly-
condensation technique can be used
with diamines other than hexanedi-
amine, or with polyamines. When the
aqueous phase contains protein, the
nylon membrane is always commingled
with cross-linked protein-indeed, stable
membrane can be formed by reacting
sebacoyl chloride with protein alone.
A particularly satisfactory membrane
is formed with sebacoyl chloride from
a 50 percent (by volume) mixture of
1,6-hexanediamine and 4,4'-diamino-
2,2' diphenyldisulfonic acid. The re-
sulting copolymer membrane carries a
strong negative charge; microcapsules
made with it do not clump and are
readily suspended in aqueous media
without the aid of emulsifying agents.
The presence in the aqueous phase of
protein in fairly high concentration
facilitates the formation of spherical
microcapsules, apparently because os-
motic pressure of the protein herps to
maintain turgor. Besides protein and
other macromolecular solutes, aqueous
suspensions of particulate matter can
be enclosed without particular difficulty.
Thus larger microcapsules may be
made to contain smaller ones, or, if a
bland organic medium such as a low-
viscosity silicone is used, even erythro-
cytes or other kinds of cells.
Allowance being made for their
thinness, the permeability of microcap-
sular membranes made by these meth-
ods resembles that of extended mem-
branes made from the same materials
by conventional methods. Outward
leakage of protein is usually undetect-
able even with agitation or after pro-
longed storage. Microcapsules are not
ruptured by osmotic changes unless
their membranes are made very thin,
but they crenate almost instantaneously
when placed in a hypertonic solution
of a crystalloid (Fig. 1C). This cre-
nation is spontaneously reversible with-
SCIENCE, VOL. 146
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 More recently, polymer microcapsules have been used to encapsulate healing agents 
forming the basis of a new class of materials, known as self-healing materials.  In these systems, 
microcapsules containing different healing agents, including monomers, solvents and two-part 
epoxies have been used to physically repair damage in polymeric materials or composites.[5], 
[6], [30], [51] An example of an urea-formaldehyde microcapsule created by interfacial 
polymerization within a bulk emulsion is provided in Figure 2.4. [33] 
 
Figure 2.4. Electron micrographs of poly(urea-formaldehyde) shell microcapsules containing 
dicyclopentadiene, which acts as a healing agent. [33] 
 
2.2.2 Microfluidic Emulsion Techniques   
 Recently, microfluidic devices have been created to control the shape, size, composition of 
single and double emulsions. [52], [53]  Both capillary and soft lithography-based microfluidic 
systems[54-56] have been developed for emulsion-based encapsulation.  Although soft 
lithography provides a facile route for fabricating such devices, they have limitations when used 
for double (or higher) emulsions. [57-59]  By contrast, flow-focusing geometries composed of 
glass capillaries are modular and inexpensive to make. [60-64]  Examples of capillary devices 
for producing single and double emulsions are shown in Figure 2.5.  
 
Exp Mech (2006) 46: 725–733 727
Fig. 1. Encapsulation procedure for UF capsules [19]
5 µm/s for the 187 and 213 µm capsule size ranges
and 2.5 µm/s for the 65 µm size range using a stepper
actuator (Physik Insturmente M-230S) controlled via
a computer interface and accurate to 50 nm. Load
data were acquired from a 10 g load cell (Transducer
Techniques GSO-10) via a DAQ card (PCI-MIO-16E-
4) and associated software from National Instruments
giving a combined sensor system accuracy of ±100 nN.
Images of the capsule during th compression cycle
were captured through a stereo microscope (Nikon
SMZ-2T) by a monochrome CCD Camera (Qimaging
Retiga). The entire system was mounted on a vibration
isolation table.
For a dry microcapsule test, capsules were drawn
into a pipette, which enabled release of a single capsule
onto the compression platen. An image of the micro-
capsule was taken prior to compression to determine
the initial capsule diameter. An initial separation be-
tween the capsule and punch allowed the stepper to
achieve steady-state velocity after motion was initiated.
The test program was started after positioning the
punch above the capsule and terminated after failure
was observed.
Immersion tests were conducted using amodification
of the apparatus presented in Fig. 3. A schematic of the
modified compression setup and the immersion test cell
are shown in Fig. 4. Capsules tested in the immersion
setup were dispersed in a bath of DCPD and allowed
to equilibrate for at least 24 h. While the microcapsule
wall is assumed to be impermeable on short time scales,
there will be some diffusive mobility across the mem-
brane on long time scales. Then a single capsule was
removed from solution by pipetting and placed into the
compression cell. Fluid was added to the cell cavity to
ensure that the entire capsule was submerged. Testing
then proceeded as described for the dry test.
Compression Test Results
Figure 5 shows representative load-displacement data
for an immersed capsule, 213 µm in diameter, tested
in compression. Dimensionless displacement is defined
by the displacement, δ, divided by the initial capsule
diameter, D. Capsules tested while immersed in the
enc psulent fluid were imaged by backlighting. In Fig. 5
the images numbered one through four show the cap-
sule during representative sections of the loading se-
quence. In these images, the solid white line indicates
the bottom of the compression platen and the dark
Fig. 2. Electron micrographs
of a UF DCPD filled
microcapsule: (a) surface
morphology; (b) cross-section
of the shell wall
SEM
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(a) 
  
(b) 
Figure 2.5. Schematic view of (a) single and (b) double capillary devices for preparing emulsion 
droplets.[62]   
  
 Drop formation in coaxially flowing immiscible fluids arises from the competition between 
viscous and inertial forces.  The viscous force is represented by a dimensionless parameter, 
known as the capillary number (Ca), which is given by: 
                                                     (2.4) 
where η is the viscosity of the fluid, ν is the velocity of the flow and γ is the surface tension of 
the fluid.  The inertial force is represented by a dimensionless number, known as the Weber (We) 
number, which is given by:                     
                                                                       (2.5) 
where ρ is the density of the fluid, ν is the velocity of the flow, L is the hydraulic diameter, and γ 
is the surface tension of the fluid.  The simplest device architecture is shown in Figure 2.5a, 
which is used to generate monodisperse, single emulsion droplets of either oil-in-water or water-
water flowing outside it, perfectly
 controlled drops can be formed by this co-
flow, in a process we call dripping.8–10 This
is exactly analogous to the drip, drip, drip
from a faucet. If we increase the flow of
either the inner fluid or the outer fluid suf-
ficiently, the result is a jet, a long stream
of oil, with drops forming downstream.
A typical production rate for most of the
examples I am going to show is several
thousand drops per second.
Dripping-to-Jetting Transition
To better understand how dripping
occurs, think back to the analogy of the
faucet. When the flow is very slow, a drop
begins to form and gets larger and larger,
but is held in place by the surface tension
force. Ultimately, the weight of the water
gets large enough to overcome the sur-
face tension force and a drop is formed
which falls from the faucet. In the example
of a tap, drop formation results from a bal-
ance between surface tension forces and
the weight of the drop. In the case of
the microfluidic device, drop formation
involves a balance between surface ten-
sion forces and the viscous drag of the
coaxial fluid pulling on the drop.10
Similarly, a stream or jet of fluid is
always unstable to the formation of drops
because the surface energy is decreased
when the cylindrical jet breaks into drops.
The principle behind this drop formation
can be understood in terms of the
Rayleigh–Plateau instability.4,5 Any per-
turbation in the jet will result in a slightly
thinner region, leading to an increase in
the Laplace pressure within this thinner
region of the jet. The Laplace pressure is
the increase in the internal pressure of the
water due to the curvature of the interface,
and this higher pressure pushes the fluid
within the jet to either side, causing the
thin region to become even thinner; ulti-
mately, the stream breaks into drops. The
dynamics of this drop pinch-off reflects a
balance between the surface tension driv-
ing the fluid away from the perturbation
and the viscous drag of the fluid that
resists this flow.
By understanding this instability, we can
make it work for us—that is, we can control
drop formation using this instability. How
can drop formation during jetting be
understood? The fluid is flowing down-
stream. As the jet begins to pinch off, the
break-up point is being pulled downstream
by the flow of the outer fluid. The length of
the jet then depends on the time it takes
for the drop to pinch off, due to the flow
induced by the Laplace pressure and the
downstream velocity of the interface. The
length is the downstream velocity of the
interface multiplied by the pinch-off time.
This argument allows us to determine
the transition between dripping and jet-
ting.8,9 This transition is determined by the
balance between how long it takes to fill
a drop and the time required for the drop
to be pulled downstream. The dripping-
to-jetting transition depends on the capil-
lary number, which is a dimensionless
number that refl cts the bala ce between
force due to the viscous drag and force
due to surface tension.
There is another class of jetting, where
something different happens. If the drop
is filled much m re r pidly, and the vis-
cous drag on the drop is relatively low, the
result is very large drops. A perturbation
occurs and travels with the drop. The per-
turbation increases in size, eventually
leading to pinch off. In this case, the inner
fluid flows much faster than the outer
fluid, as can be seen if colloidal particles
are added to the fluids to help visualize
the flow. The inner fluid flows very rap-
idly, filling the drop, but the flow of the
outer fluid is slow, and its viscous drag is
so small that it takes quite a while before
the drop is large enough for it to actually
break off.
These processes can be combined and
plotted on a single phase diagram, shown
in Figure 2.11 The behavior is determined
by two numbers: the capillary number
and the Weber number. The c pillary
number reflects the balance between the
drag of the outer fluid pulling the drop
downstream and surface tension forces
that resist the flow in the jet as pinch-off
occurs. The W ber numb r reflects a bal-
ance between inertial and surface tension
forces. It becomes important in describing
the behavior when there is very little vis-
cous drag, and so the capillary number is
low. Then, it is the inertial force of the fluid
that must overcome surface tension forces
and ultimately lead to pinch-off, creating
the drop. The boundary between dripping
and jetting occurs when the sum of these
two numbers is approximately equal to 1.
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Outer fluid
Inner fluid
Figure 1. Schematic illustration of a co-flow microcapillary device for making droplets.
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Figure 2. Dependence of the transition between dripping and jetting on the capillary
number of the outer flow and the Weber number of the inner flow of a co-flow
microcapillary device. Squares and diamonds, ηin/ηout = 0.01, with slightly different
geometries; hexagons and circles, ηin/ηout = 0.1, with slightly different geometries;
pentagons, ηin/ηout = 1; triangles, ηin/ηout = 10.
middle fluid, which can be selectively gelled
or hardened to create solid capsules (12, 13).
These capsules can be used to encapsulate of
drugs for targeted delivery and release (14–21).
Multiple emulsions are typically made in a
two-step process, by first emulsifying the inner
droplets in the middle fluid, and then under-
taking a second emulsification step for the
dispersion (22). Each emulsification step
results in a highly polydisperse droplet distri-
bution, exacerbating the polydispersity of the
final double emulsion. Thus, any capsules
formed from such double emulsions are, by
nature, poorly controlled in both size and
structure, and this limits their use in applica-
tions that require precise control and release of
active materials. Microfluidic techniques can
circumvent the vagaries of the bulk emulsifi-
cation process and can produce more uniform
double emulsions (23), although the range of
drop sizes is limited and the devices require
localized surface functionalization to control
wettability in order to function. Alternatively,
flow focusing of coaxial jets (24) can produce
uniform coated droplets, but these must be re-
emulsified into the continuous phase, which is
a difficult step that precludeswidespread use of
this technique. The availability of highly
monodisperse double emulsions would not
only greatly improve their applicability but
would also allow for detailed studies of their
stability under more controlled conditions
(25–31).
Here we describe a fluidic device that
generates double emulsions in a single step,
allowing precision control of the outer and
inner drop sizes as well as the number of
droplets encapsulated in each larger drop. Our
device consists of cylindrical glass capillary
tubes nested within a square glass tube. By
ensuring that the outer diameter of the round
tubes is the same as the inner dimension of the
square tube, we achieve good alignment to
form a coaxial geometry. The innermost fluid
is pumped through a tapered cylindrical
capillary tube, and the middle fluid is pumped
through the outer coaxial region (Fig. 1A),
which forms a coaxial flow at the exit of the
tapered tube. The outermost fluid is pumped
through the outer coaxial region from the
opposite direction, and all fluids are forced
through the exit orifice formed by the re-
maining inner tube (Fig. 1A). This geometry
results in hydrodynamic focusing (24, 32) of
the coaxial flow. The flow passes through
the exit orifice and subsequently ruptures to
form drops; however, the coaxial flow can
maintain its integrity and generate double
emulsion droplets within the collection tube.
We were also able to produce single emul-
sions by removing the tapered inner injection
tube. In this geometry, our device is reminis-
cent of the selective withdrawal technique
(33). Typical diameters of the exit orifice in
our devices range from 20 to 200 mm; however,
smaller or larger orifices can also be used,
which allows the drop size to be adjusted. For
convenience, we used a collection tube whose
inner diameter was initially narrow and
abruptly widened at a distance equal to one–
article diameter downstream. These collec-
tion tubes were fabricated by axially heating
the end of a cylindrical glass tube; as the
glass liquefies, the orifice shrinks. Alter-
natively, we can use a tapered capillary tube
as the collection tube. This can provide ad-
ditional control, but the alignment of two
tapered capillary tubes is more delicate and
hence more difficult.
We achieved a high degree of control over
the resultant double emulsions, varying the
diameters of both the outer and inner drops
and the number of inner droplets [supporting
online material (SOM) text I and fig. S1]. We
can produce uniform double emulsions, in
which each drop contains a single internal
droplet, creating core-shell structures whose
drop diameter and shell thickness can be
controlled. For example, we can form drops
with extremely thin shells; the ratio of shell
thickness to outer drop radius can be as low
as 3% (Fig. 1B). Alternatively, we can in-
crease the shell thickness up to about 40% of
the drop radius (Fig. 1, C to E). We can also
vary the number and size of the internal
droplets in the double emulsions (Fig. 1, F
and G). A stream of double emulsions, each
containing a single internal droplet, is shown
in Fig. 1H.
To gain insight into the breakup of a coaxial
flow, we first considered the formation of
single emulsions. We defined two mechanisms
of drop formation for our device geometry:
dripping and jetting (34, 35). Dripping pro-
duces drops close to the entrance of the
collection tube, within a single orifice diame-
ter, analogous to a dripping faucet. Droplets
produced by dripping are typically highly
monodisperse. In contrast, jetting produces a
long jet that extends three or more orifice
diameters downstream into the collection tube,
where it breaks into drops. The jetting regime is
typically quite irregular, resulting in poly-
disperse droplets whose radii are much greater
than that of the jet. Jet formation is caused by
the viscous stress of the outer fluid, whose
viscosity, hOF, is typically 10 times greater
than that of the inner fluids in our experiments.
Thus, viscous effects dominate over inertial
effects, resulting in a low Reynolds number.
The formation of double emulsions is similar to
that of single emulsions; however, there are
two fluids flowing coaxially, each of which can
form drops through either mechanism.
The size distribution of the double emul-
sions is determined by the breakupmechanism,
whereas the number of innermost droplets
depends on the relative rates of drop formation
of the inner and middle fluids (fig. S1). When
th rates are equal, the annulus and core of the
coaxial jet break simultaneously, generating a
Fig. 1. Microcapillary geometry for generating double emulsions from coaxial jets. (A) Schematic
of t oaxial microcapilla y fluidic device. The geometry requires the outer fluid to be immiscible
with the middle fluid and the middle fluid to be in turn immiscible with the inner fluid. The
geometry of the collection tube (round tube on the left) can be a simple cylindrical tube with a
constriction, as shown here, or it can be tapered into a fine point (not shown). The typical inner
dimension of the square tube is 1 mm; this matches the outer diameter of the untapered regions
of the collection tube and the injection tube. Typical inner diameters of the tapered end of the
injection tube range from 10 to 50 mm. Typical diameters of the orifice in the collection tube vary
from 50 to 500 mm. (B to E) Double emulsions containing only one internal droplet. The thickness
of e coating fluid on ach drop can vary from extrem ly thin (less than 3 mm) s in (B) t
significantly thicker. (F and G) Double emulsions containing many internal drops with different
size and number distributions. (H) Double emulsion drops, each containing a single internal
droplet, flowing in the collection tube. The devices used to generate these double emulsions had
different geometries.
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in-oil.  Utada and co-workers developed the process diagram shown in Figure 2.6 to delineate the 
drop formation and jetting regimes. [65] 
 By altering both the flow rates of the two liquids as well as the device geometry (L), they 
explored the effect of a broad range of Ca and We values on droplet breakup[65], as shown in 
Figure 2.6, where the transition from dripping to jetting modes occurs when either the Ca or We 
approach unity.  With small modifications to the viscosity or flow rates, highly monodisperse 
droplets can be formed, as shown in Figure 2.7. 
 
Figure 2.6. Droplet formation and jetting regimes for a capillary flow focusing geometry device. 
Open symbols indicate operation in the jetting regime, closed symbols indicate dripping, while 
each symbol shape indicates a separate device geometry.  The straight line indicates the We and 
Ca values near unity.  
 
water flowing outside it, perfectly
 controlled drops can be formed by this co-
flow, in a process we call dripping.8–10 This
is exactly analogous to the drip, drip, drip
from a faucet. If we increase the flow of
either the inner fluid or the outer fluid suf-
ficiently, the result is a jet, a long stream
of oil, with drops forming downstream.
A typical production rate for most of the
examples I am going to show is several
thousand drops per second.
Dripping-to-Jetting Transition
To better understand how dripping
occurs, think back to the analogy of the
faucet. When the flow is very slow, a drop
begins to form and gets larger and larger,
but is held in place by the surface tension
force. Ultimately, the weight of the water
gets large enough to overcome the sur-
face tension force and a drop is formed
which falls from the faucet. In the example
of a tap, drop formation results from a bal-
ance between surface tension forces and
the weight of the drop. In the case of
the microfluidic device, drop formation
involves a balance between surface ten-
sion forces and the viscous drag of the
coaxial fluid pulling on the drop.10
Similarly, a stream or jet of fluid is
always unstable to the formation of drops
because the surface energy is decreased
when the cylindrical jet breaks into drops.
The principle behind this drop formation
can be understood in terms of the
Rayleigh–Plateau instability.4,5 Any per-
turbation in the jet will result in a slightly
thinner region, leading to an increase in
the Laplace pressure within this thinner
region of the jet. The Laplace pressure is
the increase in the internal pressure of the
water due to the curvature of the interface,
and this higher pressure pushes the fluid
within the jet to either side, causing the
thin region to become even thinner; ulti-
mately, the stream breaks into drops. The
dynamics of this drop pinch-off reflects a
balance between the surface tension driv-
ing the fluid away from the perturbation
and the viscous drag of the fluid that
resists this flow.
By understanding this instability, we can
make it work for us—that is, we can control
drop formation using this instability. How
can drop formation during jetting be
understood? The fluid is flowing down-
stream. As the jet begins to pinch off, the
break-up point is being pulled downstream
by the flow of the outer fluid. The length of
the jet then depends on the time it takes
for the drop to pinch off, due to the flow
induced by the Laplace pressure and the
downstream velocity of the interface. The
length is the downstream velocity of the
interface multiplied by the pinch-off time.
This argument allows us to determine
the transition between dripping and jet-
ting.8,9 This transition is determined by the
balance between how long it takes to fill
a drop and the time required for the drop
to be pulled downstream. The dripping-
to-jetting transition depends on the capil-
lary number, which is a dimensionless
number that reflects the balance between
force due to the viscous drag and force
due to surface tension.
There is another class of jetting, where
something different happens. If the drop
is filled much more rapidly, and the vis-
cous drag on the drop is relatively low, the
result is very large drops. A perturbation
occurs and travels with the drop. The per-
turbation increases in size, eventually
leading to pinch off. In this case, the inner
fluid flows much faster than the outer
fluid, as can be seen if colloidal particles
are added to the fluids to help visualize
the flow. The inner fluid flows very rap-
idly, filling the drop, but the flow of the
outer fluid is slow, and its viscous drag is
so small that it takes quite a while before
the drop is large enough for it to actually
break off.
These processes can be combined and
plotted on a single phase diagram, shown
in Figure 2.11 The behavior is determined
by two numbers: the capillary number
and the Weber number. The capillary
number reflects the balanc  between th
drag of the outer fluid pulling the drop
downstream and surface tension forces
that resist the flow in the jet as pinch-off
occurs. The Weber number reflects a bal-
ance between inertial and surface tension
forces. It becomes important in describing
the behavior when there is very little vis-
cous drag, and so the capillary number is
low. Then, it is the inertial force of the fluid
that must overcome surface tension forces
and ultimately lead to pinch-off, creating
the drop. The boundary between dripping
and jetting occurs when the sum of these
two numbers is approximately equal to 1.
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Outer fluid
Inner fluid
Figure 1. Schematic illustration of a co-flow microcapillary device for making droplets.
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Figure 2. Dependence of the transition between dripping and jetting on the capillary
number of the outer flow and the Weber number of the inner flow of a co-flow
microcapillary device. Squares and diamonds, ηin/ηout = 0.01, with slightly different
geometries; hexagons and circles, ηin/ηout = 0.1, with slightly diffe ent geometries;
pentagons, ηin/ηout = 1; triangles, ηin/ηout = 10.
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Figure 2.7. Monodisperse emulsion droplets formed using a capillary microfluidic device. [60] 
 
 
 In the flow-focusing capillary device designed to make double emulsions (Fig. 2.5b), these 
same criteria must be optimized to reside in a dripping mode.  In this case, the Ca of the inner 
and the We of the outer fluid must be less than unity.  Based on this knowledge, one can modify 
the properties of the liquids, e.g., their viscosity and surface tension as well as their flow rates to 
access the desired dripping mode for uniform drop formation. 
 Many different types of encapsulation and droplet systems have been investigated using 
this technique.  While the initial work has focused on the generation of simple oil/water 
emulsions and the physics of droplet breakup dynamics, the ability of the device architecture to 
be modified and configured for a specific purpose allowed for the formation of double, triple, 
and more complex emulsions, whose properties are highly controlled.[60], [61]  These devices 
allow one to switch between different emulsion types without chemically modifying the device 
itself. 
 In my thesis research, I have employed double capillary, flow-focusing microfluidic 
devices to create microcapsules with polymer shells and fluid inner cores.  Two different types of 
UV curable chemistries were explored for the polymer shells.  First, a mercapto-ester based shell 
REVIEW   Designer emulsions using microfluidics
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Capillary microfluidic devices
Capillary microfluidic devices consist of coaxial assemblies of glass 
capillaries on glass slides. One of the inherent advantages of these 
devices is that their wettability can be easily and precisely controlled 
by a surface reaction with an appropriate surface modifier. For 
example, a quick treatment of octadecyltrimethoxysilane will make the 
glass surface hydrophobic, whereas a treatment of 2-[methoxy(poly-
ethyleneoxy)propyl]trimethoxysilane will make the surface hydrophilic. 
Also, these devices offer the distinct capability of creating truly three-
dimensional flows, which is critical for the applications described here.
We begin with a circular glass capillary with an outer diameter of 
1–2 mm. This capillary is heated and pulled using a pipette puller to 
create a tapered geometry that culminates in a fine orifice. This is 
our ‘faucet’. The precisely pulled circular capillary is carefully slid into 
a square glass capillary to form a simple microfluidic device. Coaxial 
alignment of the two capillaries is ensured by choosing the capillaries 
such that the outer diameter of the circular capillary is the same as 
the inner dimensions of the square capillary. One fluid flows inside 
the circular capillary while the other fluid flows through the square 
capillary in the same direction, resulting in a coaxial flow of the two 
fluids (Fig. 2a). The geometry of this setup is known as a co-flow 
geometry. When the fluids flow at low rates, individual monodisperse 
drops are formed periodically at the tip of the capillary orifice, in 
a process termed dripping (Fig. 2b and 2d)26,27. If we increase the 
flow rate of either fluid beyond a certain critical limit, the result is a 
jet, a long stream of the inner fluid with drops forming downstream 
(Fig. 2c). Generally these drops have a somewhat broader size 
distribution because the point at which a drop separates from the jet 
can vary.
An alternate geometry for drop formation in capillary devices is the 
flow-focusing geometry20,28. In contrast to co-flow capillary devices, 
the two fluids are introduced from the two ends of the same square 
capillary in opposite directions. The inner fluid is hydrodynamically flow 
focused by the outer fluid through the narrow orifice of the tapered 
round capillary, as shown in Fig. 3. Drop formation occurs immediately 
as the inner fluid enters the circular orifice under dripping conditions, 
whereas drop formation occurs further downstream under jetting 
conditions26,27. A major advantage of this method is that it allows us 
to make monodisperse drops with sizes smaller than that of the orifice. 
This feature is useful for making small droplets (~1–5 µm in diameter), 
especially those from a particulate suspension, where the particles may 
clog the orifice in the co-flow geometry29. The use of a capillary with 
a larger orifice minimizes the probability of such tip clogging by the 
suspended particles or any entrapped debris. 
Fig. 2 Single emulsions in a co-flow microfluidic device. (a) Schematic of a co-flow microcapillary device for aking droplets. Arrows indicate the flow direction 
of fluids and drops. (b) Image of drop formation at low flow rates (dripping regime). (c) Image of a narrowing jet generated by increasing the flow rate of the 
continuous fluid above a threshold value while keeping the flow rate of the dispersed phase constant. (d) Monodisperse droplets formed using a microcapillary 
device. [Part (a) reproduced with permission from26. © 2007 Materials Research Society; parts (b) and (c) reprinted with permission from27. © 2007 American 
Physical Society.]
(b)
(a)
(c)
(d)
mt114p18_27.indd 20   05/03/2008 12:08:53   
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was used to encapsulate a monoethanolamine solution.  Second, a silicone-based polymer was 
used to encapsulate a potassium carbonate solution.  Model microcapsules were created and 
studied as a new platform for CO2 capture and sequestration.  
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CHAPTER 3 
MICROFLUIDIC ENCAPSULATION OF MONOETHANOLAMINE 
3.1 Introduction   
 In this chapter, we use a double capillary device to create double emulsions that are 
subsequently cured using ultraviolet light, in which a monoethanolamine (MEA) solution serves 
as the inner fluid, a Norland Optical Adhesive (NOA 61) diluted with acetone as the middle 
fluid, and a 2 wt% PVA-water-glycerol solution as the outer fluid.  NOA 61 is a photocurable 
mercapto-ester optical adhesive that rapidly polymerizes upon exposure to UV light to create 
polymer microcapsules.  After curing is complete, these microcapsules retain their fluid cores 
composed of the MEA solution.  Here, we describe routes to producing monodisperse NOA 
61/MEA microcapsules, characterizing their geometric dimensions (diameter and shell 
thickness), and measuring their weight gain (or loss) as well as permeability in CO2-rich and 
CO2-lean environments.  
3.2 Experimental Methods 
3.2.1 Double Capillary Device Fabrication 
 The microfluidic devices consist of an outer square glass capillary (0.9 mm inner wall) 
(Cat. No. 8290, Vitrocom, Mountain Lakes, NJ), an inner circular capillary (0.70 mm inner 
diameter, 0.87 mm outer diameter) that has been flame polished (Cat. No. CV7087, Vitrocom, 
Mountain Lakes, NJ), and a final circular capillary (Cat. No. CV7087, Vitrocom, Mountain 
Lakes, NJ) that has been pulled to a fine tip.  The pulled tip is drawn down using a laser tip 
puller (P-2000 Tip Puller, Sutter Instruments, Novato, CA) to a final dimension of approximately 
30-40 µm, with a taper length of roughly 2 mm.  A second circular capillary is flame polished by 
dipping one end of the round capillary into a Bunsen burner flame at its lowest intensity.  The 
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surface tension of the molten glass capillary is enough to pull the edges of the capillary inwards 
and create a tapered, rounded opening.  The use of a tapered geometry enhances hydrodynamic 
flow focusing within these devices.  The two round capillaries are inserted into the square glass 
capillary by hand, with the flame polished outlet and the pulled tip facing each other, until they 
are approximately 100-300 µm apart.  The three capillaries are then placed on a large microscope 
slide (Cat. No. 12-550C, Fisherbrand, Fisher Scientific, Hampton, NH) and viewed under an 
optical microscope (IX-71 Transmission Optical Microscope, Olympus Microscopy, Center 
Valley, PA).  The round capillaries are rotated within the square capillary to align the pulled tip 
along the central axis laterally and vertically.  The round capillaries are moved into position at 
approximately 150-250 µm away from each other and centered within the square capillary, as 
shown in Figure 3.1. 
  
Figure 3.1. A flow focusing junction showing the pulled tip on the right and the flame polished 
outlet capillary on the left, both centered within a square capillary.  
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 Once the capillaries are aligned, a small amount of UV curable epoxy (NOA 63, Norland 
Products, Cranbury, NJ) is used to fix the capillaries in place.  In order to connect the 
microcapillary device to a fluid source, syringe tips are modified by melting slots into their 
plastic bases (Part No. 7018043, Nordson EFD, East Providence, RI), as illustrated in Figure 3.2.  
The syringe tips act as the junction between the capillary device and the Teflon tubing attached 
to the fluid syringes.   
 
Figure 3.2. The EFD syringe tips that have been modified to fit over the capillaries.  
 
 The modified syringe tips are adhered to the glass slide using a two-part epoxy (Epoxy 
Quick Set, Loctite, Henkel, OH) over the openings of the inner capillary and both ends of the 
square capillary, as shown in Figure 3.3.  After the epoxy has set (5-10 min curing time), a larger 
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amount of epoxy is applied around the perimeter of the syringe tip to seal the device.  Care is 
taken to not introduce the liquid epoxy into the ends of the capillary to prevent the blockage of 
fluid flow.  After the epoxy has fully cured for 24 h, the device is ready for use. 
 
Figure 3.3. A double capillary device with syringe tips attached, prior to sealing. 
 
3.2.2 Materials System 
 The inner fluid consists of a combination of monoethanolamine (MEA) (Sigma Aldrich, St. 
Louis, MO), deionized water and glycerol (ACS grade, Fisher Scientific, Hampton, NH). First, a 
stock solution comprised of 70 wt% water and 30 wt% MEA is produced and stirred for 24 h.  
The MEA solution is added to glycerol to form a 30 wt% MEA solution/70 wt% glycerol 
mixture, then stirred for 24 h before rhodamine isothiocyanate (FWT Red, Risk Reactor Dyes, 
Santa Ana, CA), is added as a dye in trace amounts.  The solution is then allowed to stir another 
24 h.  After stirring, the solution is passed through a 0.8 µm glass fiber membrane syringe filter 
(Millex AP20, Millipore Inc., Cork, Ireland) in order to remove any particulates.  
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 The middle fluid consists of NOA 61, which is a photocurable optical adhesive. Pure NOA 
61 has a viscosity of approximately 300 cSt (300-450 cP with a density of 1.231 g/mL, as 
provided by the manufacturer).  This viscosity is too high to efficiently be emulsified using this 
microfluidic device with the available flow rates and pressures provided by the syringe pumps.  
Hence, NOA 61 is diluted with acetone (in an 85/15 w/w ratio of NOA 61/acetone, 
corresponding to a 27.5 vol% of acetone) to decrease its viscosity to approximately 55 cSt, as 
measured by capillary viscometry.  These constituents are added to a 20 mL scintillation vial and 
mixed on a rotary vortexer for 2 min.  They are held in a quiescent state for up to 10 min before 
use to allow any entrained air bubbles to rise to the surface prior to introducing this fluid into the 
device. 
 The outer fluid consists of deionized water, poly(vinyl alcohol) (PVA) (31-50k Mw, 87-
89% hydrolyzed, Sigma Aldrich, St. Louis, MO) and glycerol (ACS Grade, Fisher Brand, 
Hampton, NH) mixed together in solution at concentrations of 34, 2 and 64 wt%, respectively.  
PVA is used as both a surfactant and viscosifying additive in the outer fluid.  The water and PVA 
are first mixed in a sealed container at 55ºC using a magnetic stirrer for at least 24 h.  The 
mixture is then cooled to room temperature and glycerol is added.  The mixture is stirred for 
another 24 h at room temperature.  The final mixture is filtered through the 0.8 µm syringe filters 
before use. 
 The kinematic viscosity of each fluid is determined by capillary viscometry, in which the 
rate of effluence is measured through a known geometry with a given back pressure.  The results 
are then compared to known viscosity standards to determine the kinematic viscosity of the fluid 
of interest.  The measurements are carried out using a capillary viscometer (Cannon-Ubbelohde 
model CUC-200, Cannon Instrument Company, State College, PA) that is loaded with the fluid 
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of interest.  Pressure is applied via the suction generated from a rubber bulb, the fluid is pulled 
into an interior cavity within the viscometer.  The effluence time of the cavity is measured with a 
stopwatch as the fluid surface passes between two marks scored on the device.  The fluid is then 
pulled back into the cavity and this test is repeated at least 5 times.  The average effluence time is 
then multiplied by the calibration time constant for the specific viscometer, and the kinematic 
viscosity is calculated.  The viscosity of each fluid measured by this approach is reported in 
Table 3.1. 
Table 3.1. Composition and physical properties of double emulsion fluids. 
Fluid Type Fluid Composition Viscosity (cSt) Density 
(g/mL) 
Flow Rates 
(mL/hr) 
Inner MEA/water/glycerol solution 33.6 1.18 2.0-2.5 
Middle NOA 61/acetone solution 55.4 1.17 1.0-2.2 
Outer PVA/water/glycerol solution 40.2 1.20 3.0-4.0 
   
 The surface tension of each fluid is measured using a standard pendent drop tensiometer 
(Model 250, Rame-Hart Instrument Co., Succasunna, NJ).  To measure the interfacial tension of 
one fluid in the presence of another, such as a discontinuous oil phase inside of the continuous 
aqueous phase, the outer fluid material loaded into a square UV-VIS cuvette and placed on the 
tensiometer.  A syringe loaded with the second fluid, in this case the oil phase, is lowered down 
into the cuvette and placed into view of the camera.  After setting the parameters of the two 
fluids correctly in the software, a small droplet of oil is created at the end of the flat syringe tip, 
and an image of the droplet is taken with the camera.  Using a curve fitting software 
(DROPimage Advanced, Rame-Hart Instrument Co., Succasunna, NJ), the outline of the droplet 
is measured and the interfacial tension between the two fluids is calculated automatically.  The 
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software measures the surface tension every 5 sec for a total of 10 measurements.  The average 
of the 50 measurements is used as the interfacial tension value.  The process is repeated for the 
inner, middle and outer fluids in air as well as against each other.  The interfacial tension 
measured between the MEA (inner) and NOA 61/acetone (middle) fluids is 5.74 mN/m2, and 
between NOA 61/acetone (middle) and PVA/water/glycerol (outer) fluid is 13.7 mN/m2. 
3.2.3 Polymer Microcapsule Fabrication 
 Polymer microcapsules are produced by a two-step process.  First, a double capillary 
device is used to create double emulsions of controlled diameter and shell thickness.  Second, 
these double emulsion drops are collected in a reservoir and photocured to produce the desired 
polymer microcapsules that contain a MEA-rich fluid core.  The capillary devices are connected 
to syringes (5 and 10 mL, 1000 Series GASTIGHT, Hamilton Company USA, Reno, NV) filled 
with the three separate fluids via Teflon tubing (TFT20014, Alpha Wire Company, Elizabeth, 
NJ).  The syringes are placed into syringe pumps (PHD 2000, Harvard Apparatus, Holliston, 
MA) and the flow through the tubing is primed by running the syringe pumps while no device is 
attached.  Once the fluid is pumped to the end of the tubing, the flow is paused and the tubing is 
pushed onto the syringe tip connections of the microfluidic device.  The pumping of the three 
fluids is initiated at the same time, with the outer, middle and inner fluid flow rates set at 2  
mL/hr, 1-1.5 mL/hr, and 0.1-0.5 mL/hr, respectively.  To ensure the formation of a consistent 
double emulsions over a sustained period of time, the order in which the different fluids wet the 
interior portions of the capillary device is of utmost importance, such that the outer aqueous 
liquid comes into contact with the device outlet first.  The coating of the outside of the pulled tip 
with the oil phase ensures that the inner fluid does not preferentially wet the outside of capillary 
and cause irregular flow and dripping.  Once the three fluids have wet the different faces and are 
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flowing a constant rate, the pumping rates of the fluids are slowly adjusted to achieve the 
dripping mode desired for emulsification.  This must be done for each device geometry, since the 
distance of the tip to the outlet as well as, the tip and outlet diameters, vary slightly from device 
to device.  Typical flow rate ranges are approximately 0.7-1 mL/hr for the inner fluid, 0.5-0.7 
mL/hr for the middle fluid and 2-3 mL/hr for the outer fluid.   Each device is normally operated 
for 1-3 h until the fluid sources are depleted.   
 Once the double emulsions exit the microcapillary device, they are collected in a 
scintillation vial, which serves as a reservoir.  The vials are filled with the carrier fluid and sealed 
after a few milliliters of emulsion droplets are collected.  The droplets are allowed to equilibrate 
for 30 to 45 min before UV curing using a low power black light bulb which emits UV radiation 
with a 365 nm wavelength.  The intensity of the UV light incident on the capsules is measured 
using a UV radiometer (UV Light Meter, Model UV-340, Mannix Testing and Instruments, 
Hewlett, NY).  The vials are manually rotated every 30-60 min and cured between 6 and 12 h.  
After curing, the continuous phase is diluted with deionized water and the capsules, which are 
denser than the continuous phase, settle to the bottom of the vial. The supernatant is removed 
using a transfer pipette and deionized water is added again. This washing process is done a 5 
times for each set of microcapsules.  The microcapsules are stored in pure deionized water or 
dried and placed in petri dishes.  
 Prior to curing, the middle oil phase remains a permeable fluid.  The osmotic pressure 
gradient between the inner and outer aqueous fluids gives rise to diffusion of water molecules 
across the oil shell.  To quantify the resulting change in drop size, time-lapse video microscopy 
is used.  The experimental setup consists of two well plate glass slides that serve as a transparent 
reservoir.  One well is filled with double emulsion droplets and excess of the outer fluid shortly 
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(< 1 min) after emulsification. The second well slide is sealed to the first slide using high 
vacuum silicone grease.  This seal prevents evaporation of water from the continuous water 
phase.  The double emulsion droplets are then imaged using a transmission optical microscope 
(DMI-6000B, Leica Microsystems Inc., Buffalo Grove, IL). Images are taken 1 min apart for the 
first 5 min and then 10 min apart thereafter for a total of 45 min at a magnification of 5x.  The 
radius of the inner fluid core is measured, from which the drop volume is determined.  Using 
ImageJ software analysis, the images are converted to an 8 bit image file. Next, each image is 
thresholded to a degree in which the inner core (and more importantly its boundary) is clearly 
defined. Once each image is appropriately thresholded, the “analyze particles” utility is used in 
ImageJ, with a circularity of greater than 0.98 defined. 
3.2.4 Polymer Microcapsule Characterization 
 To determine their shell thickness, the polymer microcapsules are dried and cut 
individually using a razor blade and tweezers.  The samples are washed with deionized water, 
ethanol and then dried at room temperature in a desiccator for over 48 h. Facing upwards, the cut 
capsules are mounted onto a scanning electron microscope (SEM) sample stub using conductive 
carbon tape.  These microcapsules are then sputter coated using a gold/palladium target for 20 s 
in vacuum.  Each sample is then loaded into the SEM (JSM-6060LV, JEOL Ltd., Tokyo, Japan) 
and analyzed. The samples are imaged using secondary electron imaging (SEI) mode at an 
accelerating voltage of 15-30 kV and a spot size of 40-65, at varying magnifications.  Care is 
taken not to damage the polymeric shells with the electron beam during imaging.  
 To quantify the loss of inner fluid from the dried polymer microcapsules, 
thermogravimetric analysis (TGA) (TGA/DSC 1, Mettler Toledo, Columbus, OH) is carried out.  
As a baseline, TGA is also carried out on the pure inner fluid constituents: water, glycerol, and 
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MEA.  To test whether encapsulation will reduce their evaporation rate, these pure fluids and the 
filled microcapsules are placed in alumina crucibles, filled with 4-7 mg of each sample using a 
glass transfer pipette in a TGA system at a constant temperature of 40ºC over the course of 1 h 
(3600 s) in flowing air.  Alumina crucibles are first heated to glowing red using a propane torch 
in order to pyrolyze any possible contaminants.  After the crucibles have cooled to room 
temperature and the TGA balance has been tared, the crucibles are using a glass transfer pipette.  
The sample (or capsules) mass is recorded every second over 60 min in a flowing nitrogen or 12 
vol% carbon dioxide/88 vol% nitrogen atmosphere.  Each of the constituents, MEA, water and 
glycerol are tested in the same fashion.   
3.3 Results and Discussion 
 Using the double capillary device shown in Figure 3.1, we prepared large quantities (~10 
mL) of polymer microcapsules composed of NOA 61 shells that contain fluorescently dyed 
MEA solution cores (see Figures 3.4 and 3.5).  This double emulsification process consistently 
produced microcapsules with polymer shells and a liquid amine interior.  During their 
equilibration within the reservoir prior to UV curing, the microcapsules undergo a modest 
reduction in size as water diffuses across the fluid shell in response to the osmotic pressure 
gradient between the inner and outer aqueous fluids.  The evolution in the average drop diameter 
is plotted as a function of equilibration time in Figure 3.6.   
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Figure 3.4. Optical image of NOA 61 microcapsules with a fluorescently dyed MEA fluid core 
(diameter = 315-375 µm) created, using several double capillary microfluidic devices, and cured, 
and then combined into a large scintillation vial. 
 
 
Figure 3.5. Optical image of NOA 61/MEA microcapsules that have been washed and dried. 
 
The inset in Figure 3.6 shows the diameter of a representative droplet as a function of time for a 
single microcapsule, approximately 340 µm in diameter.  This microcapsule exhibits an abrupt, 
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but modest decrease in size after 5-10 min of equilibration.  It is possible that this size reduction 
stems from the diffusion of acetone from the shell to the outer fluid, rather then water diffusion 
through the shell from the inner to outer fluid.  However, since the dimensional change is 
negligible, further experiments were not carried out to determine its origin.  
  
 
Figure 3.6. A plot of a NOA 61/MEA double emulsion droplet diameter as a function of 
equilibration time in the outer fluid phase. Inset shows the diameter as a function of time for an 
individual microcapsule.   
 
 The diameter of the polymer microcapsules after UV curing is also measured using optical 
microscopy.  A representative optical image of the cured NOA 61/MEA microcapsules is shown 
in Figure 3.7.  Their monodisperse nature facilitates their assembly into a periodic array. [61], 
[62], [66]  Their mean diameter, determined using image analysis, is 357 µm +/- 8.4 µm.  A 
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histogram of their size distribution is provided in Figure 3.8. 
 
Figure 3.7. Optical image of NOA 61/MEA microcapsules after curing and drying.  
  
 
Figure 3.8. Histogram showing the frequency of NOA 61/MEA microcapsules of a specific 
diameter.  The inset shows the same data over a narrower size range. 
 
 While optical microscopy of polymer microcapsules coupled with image analysis is a facile 
way of determining their dimensions, it is unable to provide much information about the physical 
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characteristics of the shells, such as their thickness or surface morphology.  These parameters 
can also have a dramatic effect on their CO2 capture efficiency.  To determine the cured NOA 
61/MEA microcapsule shell thickness, individual capsules are cut and imaged using scanning 
electron microscopy (SEM).  The SEM images reveal that the shell thickness varies from 
approximately 10 to 50 µm even within a given microcapsule indicating that the inner droplet is 
offset during fabrication and curing (Figure 3.9).  The exterior surface of the polymer 
microcapsule structure is smooth, as shown in Figure 3.10.  Using measurements of the 
microcapsule diameter and the shell thickness from the SEM images, we find the volume of the 
shell (Vshell) is approximately 30% of the volume of the capsule (Vcapsule), with the diameter of 
the outer shell being approximately 360 µm and the inner diameter of approximately 320 µm, 
where the core and shell volumes are given by: 
 
         !!"#$ =    !!!!!""#$!           (3.1)   
      !!!!"" =    !!!(!!"#$%! − !!""#$! )         (3.2) 
 
 For carbon capture, the shell thickness must be minimized to reduce the amount of material 
CO2 must diffuse through.  However, one must also have shells that are thick enough to provide 
mechanical robustness.  To achieve a desired shell thickness of 5 µm, the flow rate of the middle 
fluid would need to be approximately 0.1-0.2 mL/hr. Since Ca decreases concomitantly, the 
viscosity of the middle fluid must be increased to maintain the desired dripping mode. 
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Figure 3.9. (a) SEM image of NOA 61 microcapsules that been cut and mounted. (b) Higher 
magnification view of the two halves of an individual microcapsule 
 
 
Figure 3.10. SEM image of the exterior of a NOA 61 polymer microcapsule, which highlights its 
smooth outer surface. 
 
 The encapsulation of the MEA solution serves two purposes: (1) to reduce the loss of MEA 
due to evaporation, and (2) to prevent the MEA from coming into corrosive contact with the 
container or equipment in which it is housed.  TGA is used to measure the evaporative losses 
from both pure fluids, which serve as control, and the polymer microcapsules.  The samples are 
held at 40ºC for 1 h, which is the temperature used for absorbing CO2 (g) from flue gas streams 
using MEA. [13], [15]  TGA measurements, shown in Figure 3.11, reveal that pure glycerol 
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showed no mass loss after 1 h, while the other fluids experience appreciable mass loss.  Water 
completely evaporates in approximately 20 min, whereas approximately 35 wt% of the MEA 
after 1 h.  Finally, the glycerol, water, and MEA inner solution present within the microcapsules 
lost 23 wt% after 1 h at 40ºC, which corresponds to the complete loss of water from the capsule 
interior.  By contrast, the polymer microcapsules maintained their weight throughout this TGA 
cycle, indicating that the inner fluid was prevented from evaporating. 
 
Figure 3.11. Isothermal TGA data for pure liquids and polymer microcapsules heated at 40ºC. 
 
 For effective CO2 capture and release, the polymer microcapsules must prevent 
evaporation of the active constituent (i.e., MEA) within the inner fluid, while still enabling 
transfer of the CO2(g) through the shell.  To quantify their CO2 absorption, the polymer 
microcapsules are exposed to a gas environment containing 18 vol% CO2 and their mass is 
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measured, along with various control samples, by TGA.  A mass increase, would be expected if 
the capsules are absorbing CO2.  The behavior of pure MEA and the inner fluid was measured 
and the results are shown in Figure 3.12 (a) and (b).  The pure MEA and inner fluid each exhibit 
an effective weight gain in the presence of a CO2-rich atmosphere, indicating that CO2 
absorption has occurred.  By contrast, multiple TGA runs carried out on the NOA 61 
microcapsules filled with MEA solution in both CO2-rich and CO2-lean environments reveal 
little change in their mass (Figure 3.13), suggesting that CO2 has a low permeability across their 
polymer shell. 
 
Figure 3.12. (a) Isothermal TGA data for (a) pure MEA and (b) inner fluid held at 40ºC. 
60!
70!
80!
90!
100!
110!
120!
130!
0! 500! 1000! 1500! 2000! 2500! 3000! 3500! 4000!
M
as
s 
(w
t%
)!
Time (s)!
CO2!
No CO2!
70!
75!
80!
85!
90!
95!
100!
105!
0! 500! 1000! 1500! 2000! 2500! 3000! 3500! 4000!
M
as
s 
(w
t%
)!
Time (s)!
CO2!
No CO2!
 30 
 
 
Figure 3.13. Isothermal TGA data for polymer microcapsules held at 40ºC in the presence of 
CO2-rich and CO2-lean atmospheres (designated “No CO2”). 
 
 The permeability of a given polymer membrane is determined by the gas solubility in the 
membrane and its diffusion rate through the membrane. [67], [68]  The permeability is typically 
reported in units of barrers, defined by:   
 
                   (3.3) 
where q is the volumetric flux at standard pressure and temperature (STP), h is the membrane 
thickness, A is the membrane area and ΔP is the pressure difference across the membrane. [69-
71]  The permeability of CO2 through a cured NOA 61 film (h≈ 5-10 µm) is measured using a 
constant volume pressure-differential apparatus by our collaborators at Lawrence Livermore 
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National Laboratory (LLNL).  Their system uses pressure sensors on either side of the NOA 61 
film, to determine the rate of pressure change across this membrane as a function of time, as 
shown in Figure 3.14.  Their measurements revealed that the CO2 permeability in NOA 61 is 
0.14 barrers, which is far too low for carbon capture using this approach. 
 
Figure 3.14. CO2 permeability measurements of the NOA 61 test coupon.  
 
Based on calculations carried out by Stolaroff (LLNL), the minimum permeability required for 
polymer microcapsules with MEA-filled cores to be effective CO2 capture media is 100 barrers. 
[70], [72]  Hence, alternate microcapsules chemistries must be investigated to identify UV 
curable polymer shells with higher CO2 permeabilities. 
3.4 Conclusions 
The encapsulation of monoethanolamine in a photocurable shell composed of NOA 61 has been 
demonstrated using a double capillary microfluidic device.  This double emulsification approach 
yielded monodisperse microcapsules with diameters of ~350 µm and shell thicknesses of 30-50 
µm.  TGA and permeability measurements revealed that the NOA 61 shells greatly inhibit 
diffusion of small molecules, such as water, CO2(g), and MEA.  Hence, this specific materials 
system is not feasible for implementation in the proposed carbon-capture motif.    
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CHAPTER 4 
MICROFLUIDIC ENCAPSULATION OF CARBONATE SOLUTIONS WITH 
SILICONE MICROCAPSULES 
4.1 Introduction 
 In this chapter, we investigate microfluidic encapsulation of aqueous carbonate solutions in 
photocurable siloxane-based microcapsules that are highly permeable to carbon dioxide.  This 
materials system overcomes the inherent disadvantages of the NOA 61/MEA microcapsules 
described in Chapter 3.  Because, the polymeric shell is now highly permeable to CO2(g), while 
still serving as an effective encapsulent.  In addition, the carbonate-based CO2 capture media is 
far less corrosive than MEA, which allows the polymer microcapsules to retain high chemical 
and mechanical stability in the presence of this inner core fluid.  Using the same double capillary 
device described previously, we show that this materials system is able to form double emulsions 
that yield silicone/carbonate microcapsules upon UV curing.  These microcapsules are 
characterized to provide information on their size and size distribution, uniformity of their shell 
thickness, and their CO2 permeability.  
4.2 Experimental Methods 
4.2.1 Double Capillary Device Fabrication 
 These microfluidic devices are produced following the procedure described in Chapter 3, 
in which two circular glass capillaries, one pulled to a fine tip and the other flame polished, are 
aligned within a larger square glass capillary.  The dimensions of the capillaries along with their 
relative positions from each other identical to those used to create NOA 61/MEA microcapsules. 
4.2.2 Materials System     
 After evaluating many silicone materials, a possible candidate was identified to be Wacker 
 33 
 
Semicosil 949UV, this material is an elastomeric silicone material functionalized for curing with 
ultraviolet light.  The composition of the Semicosil is unknown, but it does use a platinum 
catalyst in the photoinitiator component.  The precursor materials arrive as a two-part system: a 
bulk material and a light sensitive initiator, which is dyed with a fluorescent pigment. The two 
parts are mixed prior to use with a vortexer in a 1:10 w/w ratio (1 part initiator to 10 parts bulk) 
and allowed to sit for 10 min.  
 To determine whether Semicosil can form microcapsules in a controlled manner, we first 
explored a model system composed of a poly(ethylene oxide) (PEO) solution as the inner fluid.  
The PEO solution is made by adding a high molecular weight poly(ethylene oxide) powder 
(300,000 MW, Sigma Aldrich, St. Louis, MO) to 3 wt% of 200 mL of deionized water in a 500 
mL flask.  The stock solution is stirred at 55ºC for 24 h in the sealed flask.  Next, 3-5 drops of a 
green food coloring dye (FD&C Yellow 5, FD&C Blue 1, McCormick and Company Inc., 
Sparks, MD) is added to the solution, which is stirred again for a minimum of 24 h and filtered 
through a 2 µm glass filter (AP 20 Millex Filters, Millipore Inc., Cork, Ireland).  The stock 
solution is used within 1 month of initial mixing to avoid degradation of PEO.  In addition to this 
model system, Semicosil microcapsules containing a CO2 absorbent inner fluid were prepared by 
dissolving 30 wt% potassium carbonate (K2CO3) (USP grade, Sigma Aldrich, St. Louis, MO) in 
deionized water.  The solution was stirred for 24 h using a magnetic stirrer and then filtered 
using a 2 µm glass filter prior to use.  The two-part Semicosil material is used directly as the 
middle fluid, with no alteration, after it has been allowed to sit (approximately 10 min).  In both 
cases, the outer fluid is composed of water, poly(vinyl alcohol) (PVA) and glycerol, identical in 
composition to that used in the NOA 61/MEA microcapsule system reported in Chapter 3.  
Glycerol serves as a viscosifier while PVA served to stabilize the double emulsion droplets.  The 
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solution was made by first creating a 5 wt% solution of poly(vinyl alcohol) in water by heating 
the solution to 55ºC and stirring with a magnetic stirrer for 48 h.  Once the solution was fully 
homogenized and cooled, it was mixed with glycerol in a proportion of 30 wt% PVA solution to 
70 wt% glycerol.  It was then stirred for 48 h at a high rate to ensure the water and glycerol 
phases were fully mixed.  
 The viscosity of the Semicosil material was not measured due to possible destruction of the 
glass viscometer device, but dynamic viscosities and densities are given for the two parts of the 
material, and the kinematic viscosity, ν, was calculated, given by: 
                            (4) 
where µ is the dynamic viscosity of the fluid and ρ is its density.  This calculated value and the 
measured kinematic viscosities of the fluids used, along with other physical properties, are given 
in Table 4.1.  
Table 4.1. Compositions and physical properties of the Semicosil/PEO and K2CO3 systems. 
Fluid Type Fluid Composition Viscosity 
(cSt) 
Density 
(g/mL) 
Flow Rates 
(mL/hr) 
Inner 3 wt% PEO solution 7.7 1.00 2-2.5 
Inner 30 wt% K2CO3 solution 1.5[73] 1.29[74] 2-2.5 
Middle Wacker Semicosil 949UV 
(10:1 w:w Part A to B) 
206.2 0.97 0.4-1.0 
Outer PVA/water/glycerol solution 40.2 1.20 3-4 
  
4.2.3 Semicosil Microcapsule Fabrication 
 These emulsifying fluids were loaded into 5 and 10 mL syringes and pumped through the 
double capillary microfluidic devices.  Flow rates for the outer, middle and inner fluids were 
! ! !!!!!!
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adjusted to ~3.5, ~0.6 and ~2.5 mL/hr, respectively, with some variation depending on the 
geometry of a specific microfluidic device.  The devices operated in a dripping mode for 1-3 h 
before the syringes were depleted of fluid.  The emulsion droplets were collected in 20 mL 
scintillation vials until approximately 0.25-0.50 mL of droplets were acquired, generally 
corresponding to a monolayer of double emulsions in the scintillation vial.  Due to the buoyancy 
of the Semicosil oil, the droplets float to the top surface of the water/glycerol reservoir.  The vial 
was filled with excess outer fluid, sealed, placed on a rotisserie, and exposed to UV light.  The 
double emulsion droplets were UV cured for 12 h to yield the desired microcapsules. 
4.2.4 Semicosil Microcapsule Characterization 
 During emulsification in the double capillary device, droplet formation was captured using 
a high speed monochromatic CCD camera (Phantom v7.1, Vision Research, Wayne, NJ) 
mounted on an inverted optical microscope (IX-71 Transmission Optical Microscope, Olympus 
Microscopy, Center Valley, PA) at frame rates of approximately 5000-8000 fps and resolutions 
of 600x300 pixels at 5x magnification.  Optical images were acquired with a digital single lens 
reflex (DSLR) camera (Canon 5D Mk II, MP-E lens, Canon USA Inc., Lake Success, NY).  To 
enhance image quality, multiple remote flashes, static lights, and spot lighting were employed.  
 Conveniently, Semicosil is supplied with an activator component that contains a blue 
fluorescent tracer dye. The dye fluoresces with an absorption at approximately 365 nm, the same 
wavelength required to cure the elastomer, and emits a characteristic blue light that aids in 
imaging this shell material.  Long exposure times, up to 1 sec, are used to capture images of both 
the double emulsion droplets and microcapsules in fluorescent light. Fluorescent images of both 
the double emulsions and the final cured microcapsules were taken using this technique. 
 Representative polymer microcapsules were imaged using SEM, after they were either 
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partially or fully dissected, washed with DI water and allowed to fully dry in a desiccator for 
over 48 h.  The cut microcapsules were coated with a Au-Pd mixture using a sputter chamber in 
an argon environment. Sputtering times of approximately 20 sec were used for the samples in 
order to create a uniform, conductive coating.   
 Micro-computed tomography (microCT) (Xradia microXCT-400, Xradia, Inc., Pleasanton, 
CA) was used to acquire 3D images of an individual microcapsule.  The sample is imaged every 
0.25º as it rotates along one axis. Using compensation, which is built into the imaging software, 
alignment error artifacts are minimized and the image stack is consolidated into a single 
computed tomograph. The tomographs are reconstructed and manipulated using CT analysis 
software (Amira, Visage Imaging Inc., San Diego, CA).  A tomograph file is first read into the 
reconstruction software and the voxel space is loaded.  The software is then able to threshold out 
portions of a tomograph that are below or above a specific density.  The tomograph can be 
analyzed from any arbitrary angle through use of the software, and individual slices of the target 
can be imaged individually.  In order to create useful sets of data, the tomographs are “sliced” in 
multiple planes and the projections are saved.   
4.3 Results and Discussion 
 Polymer microcapsules were made with a silicone photocurable polymer shell and a PEO 
solution inner core.  As the uncured double emulsion droplets exit the double capillary and are 
collected, they float to the top of the scintillation vial due to the density difference between the 
reservoir fluid (density of ~1.20 g/cm3) and droplets (density of ~1 g/cm3).  These droplets form 
ordered domains at the top surface of the reservoir, as shown in Figure 4.1.  A higher 
magnification view of the droplets floating on the surface of the reservoir fluid is provided in 
Figure 4.2. 
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Figure 4.1. Optical image of double emulsion droplet composed of Semicosil shell and PEO 
solution cores collected in a scintillation vial (Note: the inner fluid has been dyed green to 
aid in visualization.) 
 
 
Figure 4.2. Higher-magnification view of double emulsion droplets floating on the surface of the 
reservoir fluid. 
 
 During the formation of the emulsion droplets, high-speed imaging was used to capture 
snapshots of a individual droplet forming, with droplet snap-off of the inner and middle fluids 
clearly visible, as shown in Figure 4.3.  Reproducible, uniform droplet dimensions were 
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observed, while the presence of satellite droplets appear to be minimal.  These droplets were 
formed at rates of 25-40 Hz.  Modest variations arise from differences in the specific 
microfluidic device dimensions and flow rates used.  
 
     
Figure 4.3. (a-e) High-speed imaging stills of double emulsion droplet formation in a capillary 
flow-focusing device at 0, 5.4, 16.3, 28.5 and 31.4 msec elapsed time (from left to right).  
Droplet snap-off is seen first in the inner droplet, followed by the outer droplet approximately 25 
msec later.  
 
 While these images are useful for quickly determining the approximate size and uniformity 
of the microcapsules, fluorescence microscopy provides additional information about their 
structure.  As previously mentioned, the oil phase of the emulsions contains a blue fluorescent 
dye.  This dye fluoresces when exposed to ultraviolet light allowing uncured double emulsion 
droplets to be imaged by this approach under UV light illumination, as shown in Figure 4.4. 
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Figure 4.4. Fluorescence image of a monolayer of double emulsion droplets floating on the 
surface of a collection vial while exposed to an ultraviolet light source.   
 
 
Figure 4.5. Histogram showing frequency of Semicosil double emulsion droplets of a given 
diameter. 
 
  
 Optical and fluorescence imaging of these uncured double emulsion droplets provides 
information about both their stability and size uniformity.  Using image analysis, their size 
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distribution was determined, as shown in Figure 4.5.  Once the emulsion droplets have cured, 
they can be imaged the under UV light to differentiate between the core and shell of the capsules.  
Images of the microcapsules under visible and UV light are provided in Figures 4.6 (a) and (b),  
 
    
Figures 4.6. (a) Optical and (b) fluorescence images, respectively, of Semicosil microcapsules 
after curing and collection on a microscope slide. 
 
 To determine the Semicosil microcapsule morphology and shell thickness, individual 
microcapsules are bisected manually and imaged using scanning electron microscopy (SEM).  In 
Figure 4.7 a microcapsule which has been partially cut is shown to have a uniform shape and 
appearance, and with minimal surface roughness or porosity. 
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Figure 4.7. SEM image of a partially dissected microcapsule, showing smooth microcapsule 
surface and uniform shell thickness.  
  
 In order to view the capsule shell and determine its thickness, a capsule is bisected through 
its center and imaged.  This hemisphere, shown in Figure 4.8, is slightly deformed due to the 
sample preparation.  
 
Figure 4.8. SEM image of a bisected microcapsule.  
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 These results show that the capsules have a uniform shell morphology that is smooth and 
fully cured.  The SEM images reveal that the shell thickness is 30-40 µm, in close agreement 
with the fluorescence images.  Shell thickness appears to be uniform through the entire shell 
radius, with little offset of the inner core.  Using image analysis, the diameter of the 
microcapsules is found to be ~470 µm +/- 20 µm. 
 To further probe the microcapsule shell thickness, we used micro computed-tomography 
(microCT). MicroCT uses an X-ray source to image a sample that is turned about an axis 
orthogonal to the incident axis of the radiation. The images are then reconstructed to create a 
three-dimensional view of the sample. Specifically, a polymer microcapsule that has been cut 
and drained was imaged by this technique.  A single capsule was imaged in three orthogonal 
planes, the position of shown in Figure 4.9 relative to the capsule itself.  The three separate slices 
are then shown in Figure 4.10 (a), (b) and (c), where the capsule wall appears as a light grey ring.  
The dark grey arc or line present on the right side of the orthogonal slices is the sample container 
wall, made of poly-(imide).  The thickness of the capsule shells is measured to be approximately 
25-30 µm.  The capsules are approximately 450 µm in diameter, which is in good agreement 
with data acquired from optical, fluorescence and scanning electron microscopy.  
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Figure 4.9. MicroCT rendering of a representative Semicosil microcapsule.  
  
        
Figure 4.10. (a). MicroCT slices of a capsule (light grey) and container (dark grey) in the YZ 
plane, (b) the XZ plane and (c) the XY plane.  The polyimide container wall is visible in (a) and 
(b) as a straight line to the right of the capsule, appearing curved in (c). 
  
 A key drawback to the Semicosil material is that it is degrades in the presence of primary 
amines, such as monoethanolamine.  We determined this by placing a cured sample of Semicosil 
into a 30 wt% solution of MEA at 40ºC for 48 h. The sample completely disintegrated by the end 
of the test period.  Even though MEA solutions are the most widespread type of carbon capture 
system currently in use, there are other options for liquid-based capture systems.  One of these 
systems, which has had limited testing and implementation, is piperazine.  In these systems, a 
10-13 wt% piperazine solution is exposed to the flue gas, and creates a salt in a similar way to 
the MEA solution, with faster kinetics but lower loading capacity. [75-77] Unfortunately, we 
found that Semicosil also degrades in the presence of piperazine.  
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 We therefore explored the encapsulation of an alternate carbon dioxide absorbent material 
composed of 30 wt% potassium carbonate (K2CO3) solution.  While carbonate-based systems 
have CO2 absorbent properties, they are often dismissed due to their slow absorption kinetics.  
By encapsulating them to increase their surface area to volume ratio, their use for carbon capture 
may be possible.  Using the same approach previously described, Semicosil microcapsules filled 
with potassium carbonate solution were prepared.  A representative image of these emulsion 
droplets during curing is shown in Figure 4.11 (a). 
   
Figure 4.11. (a) Semicosil - potassium carbonate emulsion droplets during curing in a 
scintillation vial.(b) Salting out of the PVA in the outer fluid causes the microcapsules to bunch 
together with polymer coating their surfaces.   
 
 Once the carbonate emulsion droplets had been collected, however, they easily ruptured 
upon contact with air, increasing the local ionic concentration of the collection fluid and salting 
out the stabilizing polymer. This phenomenon caused the microcapsules to aggregate, as shown 
in Figure 4.11 (b).  Although salting out of the polymer can be minimized by reducing the ionic 
concentration of the interior fluid in the droplets, this modification also reduces their CO2 
loading capacity.  A more effective approach is in situ curing of the emulsion droplets, which is 
now under investigation.  
 Our LLNL collaborators measured the permeability of a cured Semicosil film (thickness 
~5-10 µm) using the approach described in Ch. 3. They found that the CO2 permeability through 
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Semicosil is approximately 3200 barrers. 
 To explore their ability to quickly uptake and release CO2, the collaborators at LLNL used 
low concentration (3 wt% K2CO3 solution) inner fluids with pH sensitive dye (thymol blue) and 
directly observed the capsules in CO2-lean and CO2-rich environments.  As the capsules absorb 
the CO2, the pH increases and the dye changes from a violet-blue color to clear.  The CO2 
absorption and desorption was cycled many times (> 70), without damage to the capsule walls.  
Snapshots from a timelapse movie acquired under CO2-lean and CO2-rich conditions is provided 
in Figure 4.12 (a) and (b), respectively.  
     
Figure 4.12. Optical images of Semicosil-potassium carbonate microcapsules in (a) CO2–lean 
(violet color) and (b) CO2–rich (clear) environments.  
4.4 Conclusions 
 Microfluidic flow-focusing devices were successfully used to create double emulsions 
containing an outer shell of photocurable silicone polymer (Semicosil) and an inner core of either 
PEO or potassium carbonate solutions.  UV curing of the Semicosil yielded highly permeable, 
robust shells. The microcapsules were characterized using a complimentary set of imaging and 
analysis techniques, including optical, fluorescence and scanning electron microscopy, as well as 
micro-computed tomography.  These microcapsules have diameters of approximately ~450 µm 
and shell walls with thickness of 30-40 µm with high uniformity.  A potassium carbonate 
solution (3.1 M) was successfully emulsified with the Semicosil material, but salting out and 
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coagulation of the PVA stabilizer in the outer aqueous phase was observed.  Stable 
microcapsules were successfully prepared at lower K2CO3 concentrations, and they were shown 
to repeatedly uptake and release CO2 in CO2-rich and -lean environments, respectively.  Ongoing 
efforts are now focused on implementing an in situ curing process to enable encapsulation of 
concentrated K2CO3 solutions. 
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CHAPTER 5 
CONCLUSIONS 
 Polymer microcapsules that contain either a monoethanolamine or potassium carbonate 
solution were fabricated for CO2 capture using double capillary microfluidic devices.  The 
microcapsules were characterized by a set of complimentary techniques to determine their 
morphology and CO2 gas permeability.  The main conclusions of this thesis are: 
• Polymer microcapsules with diameters of ~355 µm +/- 10 µm were successfully and 
reproducibly created with a NOA 61 mercapto-ester photocurable polymer shell (thickness 
10-50 µm) and a MEA solution fluid inner core. 
• TGA measurements revealed that NOA 61/MEA microcapsules prevented evaporation of the 
inner fluid when held at 40ºC for extended periods of time (1 h).  However, they further 
showed that these microcapsules do not absorb CO2 from the atmosphere under these same 
conditions. 
• The CO2 permeability through a NOA 61 film was measured and found to be 0.14 barrers, 
which is far below than the minimum value of 100 barrers needed for effective CO2 capture. 
• Polymer microcapsules with diameters of ~475 µm and uniform shell thicknesses of 30-40 
µm were successfully and reproducibly created using a UV curable siloxane and inner fluids 
composed of either a PEO solution (model system) and potassium carbonate solution.  
• The CO2 permeability through a cured siloxane film was found to be ~3200 barrers, 
indicating that this shell material is an excellent candidate for CO2 capture. 
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